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Abstract

Effective biofilm removal from surfaces in the mouth is a clinical challenge. Cavitation bub-

bles generated around a dental ultrasonic scaler are being investigated as a method to

remove biofilms effectively. It is not known how parameters such as surface roughness and

instrument distance from biofilm affect the removal. We grew Strepotococcus sanguinis bio-

films on coverslips and titanium discs with varying surface roughness (between 0.02–

3.15 μm). Experimental studies were carried out for the biofilm removal using high speed

imaging and image analysis to calculate the area of biofilm removed at varying ultrasonic

scaler standoff distances from the biofilm. We found that surface roughness up to 2 μm

does not adversely affect biofilm removal but a surface roughness of 3 μm caused less bio-

film removal. The standoff distance also has different effects depending on the surface

roughness but overall a distance of 1 mm is just as effective as a distance of 0.5 mm. The

results show significant biofilm removal due to an ultrasonic scaler tip operating for only 2s

versus 15-60s in previous studies. The technique developed for high speed imaging and

image analysis of biofilm removal can be used to investigate physical biofilm disruption from

biomaterial surfaces in other fields.

Introduction

More than 2 million dental implants are placed worldwide every year, with estimates suggest-

ing an increase in the prevalence of dental implants in the USA of up to 23% in the next 10

years [1, 2]. Dental implants require maintenance over time to manage the formation of dental

plaque [3]. Peri-implantitis is an inflammatory reaction with bone loss around the implant [4,

5]. If the plaque is not removed it could eventually lead to implant failure [6, 7] Dental plaque

is a biofilm, a community of micro-organisms adhered to a surface [8]. Biofilms are more

resistant to traditional antimicrobials than free floating bacteria, therefore physical methods of

biofilm disruption are of interest to study [9–13].
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There is no overall effective method to remove plaque biofilm from dental implants. Cur-

rent clinical methods of removing dental plaque from implants include air polishing, the use

of rotating titanium brushes or ultrasonic scalers with specialised tips to prevent scratching the

implant surface [4, 14–18]. Ultrasonic scalers have a metal tip which vibrates at 25-50kHz [19].

Ultrasonic cavitation bubbles occur in the cooling water flowing over the tip of ultrasonic scal-

ers [20, 21]. Cavitation bubbles are microbubbles that grow and collapse in a fluid when ultra-

sound is applied [22–24]. Biofilm disruption with cavitation can occur through various

phenomena such as microstreaming and micro-jet impingement, leading to the production of

shear forces which can weaken the attachment of biofilms to surfaces and eventually cause

them to fragment and detach from the surface [25, 26]. Cavitation is used in other industries

for ultrasonic cleaning [27–29], and could potentially be enhanced around ultrasonic scalers

for use in cleaning biofilms from dental implants more effectively without damaging the

surface.

Ultrasonic cavitation around scalers has the potential to clean implants if the tip is used in a

non-touch mode (Fig 1). To make this a clinically viable option, the effects of roughness Ra of

biomaterial surfaces and the standoff distance d of a scaler tip from a biofilm require further

understanding so the cavitation can be optimised accordingly. Previous research has shown

that enhanced surface roughness increases bacterial attachment because of the larger contact

Fig 1. Schematic of how an ultrasonic scaler tip could be used to clean bacterial biofilm from dental implants in a non-touch mode using the cavitation generated

around the tip. Inset: High speed camera image of cavitation bubbles occurring around the tip of the commercially available ultrasonic scaler tested in this study.

https://doi.org/10.1371/journal.pone.0236428.g001
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area for bacterial attachment [30, 31]. Bacteria are also more protected from shear forces on a

rough surface [30, 32]. In addition, the difficulty in cleaning the irregular profile of rough sur-

faces allows for biofilms to rapidly reform [32].

A high speed camera is able to image biofilm removal in real time over short time scales.

This makes it possible to understand what causes bulk biofilm disruption and provides more

information about the removal timescales. In addition it is possible to visualise the same area

before and after cleaning. It can show how different biofilms behave in response to different

removal techniques and is a valuable tool for understanding biofilm adhesion to surfaces and

evaluating physical disruption methods. This information is critical to understanding how bio-

film removal can be optimised. Since the use of a high speed camera and image analysis for

measuring biofilm removal is a novel technique, to date there are a limited number of studies

on the use of high speed imaging to quantitatively evaluate biofilm removal [33–35]. Such

imaging and analysis protocols require development.

The aim of this study was to use high speed imaging and image analysis to record and evalu-

ate the biofilm removal process from biomaterial surfaces of different roughness using cavita-

tion from an ultrasonic scaler tip at different standoff distances. For this study, Streptococcus
sanguinis biofilms were chosen over other species because this is a primary coloniser on dental

implant surfaces. In addition it was chosen because compared to other streptococci species

such as Streptococcus mutans, which form clumps causing the biofilm to vary widely in thick-

ness, S. sanguinis forms a relatively homogenous biofilm, and this would enable us to compare

the effects of the surface roughness and tip distance more accurately. Only one species was

considered for this study because multi species biofilms may have varying attachment forces at

various locations in the biofilm, which may then cause false conclusions to be drawn about the

effectiveness of cavitation on surfaces of different surface roughness.

Materials and methods

Preparation of the biomedical substrates

Two growth substrates were used in this study, and each had two variations of surface rough-

ness. Biofilms were grown on transparent coverslips (13 mm diameter, Thermanox™, Nunc,

ThermoFisher Scientific) and on Titanium (Ti) discs. The polymer coverslips are commonly

used for in vitro biofilm research, therefore we included them in this study to show, if their

material properties in relation to biofilm removal, are similar to Ti so they can be used in

future in vitro experiments where a transparent substrate is required; for example high speed

imaging at high shutter speeds, fluorescence imaging, or correlative studies using multiple

imaging modalities. The Ti discs were used to mimic a dental implant surface.

The smooth Ti discs (10 mm diameter) were prepared as in Barkarmo et al. [36] by machin-

ing from commercially pure titanium grade 4 according to ISO 5832-2/ASTM F67 (Zapp Med-

ical Alloys GmbH, Schwerte, Germany). Rough Ti samples were prepared by replicating the

commonly used SLA (sand blasted, large-grit, acid etched) surface for dental implants, by sand

blasting and acid etching the machined Ti discs as outlined in Vyas et al. [37] The Thermanox™
coverslips were used either in their original condition or were sandblasted to increase the sur-

face roughness with 250 μm corundum particles (Korox, BEGO) (SANDIMAT, Local exhaust

ventilation, Allianz Engineering Inspection Service Ltd, Italy). These were then cleaned in dis-

tilled water in an ultrasonic bath to dislodge any remnant particles from the surface and auto-

claved at 121˚C (1 Tor pressure, 15 min) to sterilise.

The average surface roughness of each sample was measured using a surface profilometer

(Talysurf Series 2 inductive gauge profilometer, Taylor-Hobson, UK) as outlined in Wang

et al. [38] Briefly, clean samples without any biofilm growth were measured using a 2 μm
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diamond tip and the roughness average (Ra) was calculated (μltra version 5.1.14, Taylor-Hob-

son, UK).

Biofilm growth

The Gram-positive bacterium Streptococcus sanguinis (ATCC 10556) was used in the current

study to form a simplistic early biofilm model for understanding the cavitation phenomena.

Briefly, the stock microorganisms were recovered from porous storage beads (Pro-Lab Diag-

nostics, UK) maintained at −80˚C and initially grown on Tryptone Soya Agar (Oxoid, UK)

media at 37 ˚C with 5% CO2 for 3 days. 2–3 single colonies were used to inoculate 10 ml of

Brain Heart Infusion (BHI) broth (Oxoid, U.K.) supplemented with 1% sucrose (Fluka Analyt-

ical, UK), which was incubated at 37 ˚C, shaking at 88 rpm overnight until it reached approxi-

mately 109 colony forming units/ml. This primary culture was serially diluted to 103 cfu/ml in

BHI broth.

Artificial saliva was added to the coverslips or Ti discs to promote biofilm formation, this

was prepared according to the method described by Pratten et al. [39], with the following

chemicals from Sigma, UK (unless stated otherwise) added sequentially to RO (reverse osmo-

sis) water: - 0.35g/L sodium chloride (NaCl), 0.2g/L potassium chloride (KCL), 0.2g/L calcium

chloride (CaCl2), 2g/L yeast extract, 1g/L lab lemco powder, 2.5g/L hog gastric mucin and 5g/

L proteose peptone. Reagents were mixed on a magnetic stir plate (Fisher scientific, Loughbor-

ough, UK) at ambient temperature for 1 hour. After autoclaving 1.25 mL of 40% sterile filtered

urea (0.22 μm filter) was added to 1 L of the prepared artificial saliva. The prepared media was

wrapped with aluminium foil to exclude light and prevent protein degradation [40] before

being stored at 4 ±1˚C. One ml of the artificial saliva was pipetted into each well of a 24-well

plate into which a sterile Thermanox™ coverslip/Ti disc (13 mm, Nunc, ThermoFisher Scien-

tific) had been placed and was removed after 15 minutes, to condition the samples. One side of

the coverslips was bent upwards using sterile forceps to create a lip so the samples could be

removed from the well with minimal biofilm disruption.

One ml of the diluted S. sanguinis culture and 1 ml of fresh BHI medium was added to each

well of the 24-well plates. The 24-well plates were then incubated at 37 ˚C, 88 rpm for 24h to

allow biofilm formation. The broth was replaced with 2 ml fresh BHI medium every 24 h. The

Thermanox™ coverslips and Ti discs were removed from the 24 well plates after a total of 7

days of incubation and then fixed in 0.1 M sodium cacodylate buffer and 2.5% glutaraldehyde

(25% EM grade, Agar Scientific, Essex, UK). They were then stained with Crystal Violet stain

(0.5%, Pro-Lab Diagnostics, UK), pH 7.3, for 5 minutes and gently washed in Phosphate Buff-

ered Saline (PBS) (Sigma-Aldrich, USA). Samples were stored in PBS until high speed imaging

to prevent dehydration. The biofilm thickness was on the order of tens of microns, less than

100 μm. In previous studies in vivo and in vitro dental biofilms, which were 1–4 days old, were

between 20–50 μm thick [41, 42], therefore the thickness of the biofilms in our study was simi-

lar to dental implant biofilms.

High speed imaging

High speed imaging was used to image biofilm removal from the different surfaces via cavita-

tion (Fig 2). The substrate with biofilm was fixed vertically in a custom-made glass water

tank with dimensions 2.7 cm x 2.7 cm x 2.7 cm. The tank was filled with 15 ml RO water. A

P5 Newtron XS dental ultrasonic scaler (Satelec, Acteon, France) was used in conjunction

with Tip 10P to generate the cavitation. The tip was immersed in the glass water tank and its

position was fixed by attaching it to a XYZ translation stage (PT3, Thorlabs Inc, NJ, USA)

and a high-precision rotation mount (PRO1/M, Thorlabs Inc, NJ, USA). The axial rotation
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of the scaler tip was also maintained during each experiment. The sample was illuminated

using an LED cold light source (Hayashi HDF7010, Japan) in bright field mode for the trans-

parent coverslips or in reflectance mode for the opaque Ti samples. The biofilm removal was

imaged using a high speed camera (Fastcam mini AX200, Photron, Japan). A long distance

microscope zoom lens was attached to the camera (12x zoom lens system, Navitar, USA)

with a 2x adapter, giving a working distance of 32 mm. The scaler tip was operated at

medium power (power 10) for 2s, at either 0.5 mm, 1 mm or 2 mm away from the biofilm.

The standoff distance was measured from the attachment surface. Five samples were imaged

for each test condition. High speed imaging was done at 500 frames per second (fps), at a

magnification of x2 giving a resolution of 5 μm/pixel. The shutter speeds were 1/1000 s for

the Ti samples, 1/20,000 s for the rough Thermanox™ coverslips or 1/300,000 for the smooth

Thermanox™ coverslips. Although biofilm was removed in a circular pattern on both sides of

the tip, high speed images were taken of only one part of the surface. Imaging was done in

this way to keep the ultrasonic scaler tip at the side of the image so it did not obstruct the

field of view during image analysis.

Fig 2. Schematic of the experimental setup for high speed imaging. Inset: schematic of the ultrasonic scaler tip being held close to the biofilm surface for experiments.

The arrow indicates the standoff distance d of the scaler tip from the biofilm that was varied in this study from 0.5 mm to 2 mm.

https://doi.org/10.1371/journal.pone.0236428.g002
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Scanning electron microscopy

Scanning electron microscopy (SEM) was done to image the implants at high magnification

after the biofilm disruption experiments using an EVO MA-10 (Zeiss, Germany). Images were

taken at x1500 magnification. Samples were dehydrated using serial ethanol gradient immer-

sions followed by hexamethyldisilizane evaporation and then gold sputter-coated (Emitech

K550X, Kent, UK) for SEM as previously described [43]. Images were taken of undisturbed

areas of biofilm and of the areas disrupted by cavitation. Secondary electron images were cap-

tured with an accelerating voltage of 10 kV and a working distance of 9.5 mm.

Image analysis

Image analysis was used to gain quantitative measurements from the high speed image data.

The total area cleaned was calculated by measuring the biofilm in each image before and after

applying the cavitation, and the area of biofilm removed at each time point was also calculated

(Fig 3). Image analysis was done using Fiji (ImageJ, U.S. National Institutes of Health,

Bethesda, Maryland, USA) [44]. The biofilm area cleaned was calculated every 0.1 s for each

test condition (n = 5). First, the ultrasonic scaler tip was removed from the images by replacing

the pixels with a black rectangle of a fixed size to ensure the tip did not appear in the area cal-

culations. Thresholding was used to segment the images to calculate the cleaned area. For the

smooth Thermanox™ surfaces, the default automatic thresholding method was used. For the

rough Thermanox™ surfaces, the background was first subtracted using a rolling ball radius of

3000 to ensure even illumination and the minimum automatic threshold was applied. For the

rough Ti surfaces, a gamma filter was applied with a value of 2.74 to increase contrast between

the biofilm and the background before applying the minimum threshold. These automatic

thresholding methods were chosen after testing all automatic thresholds in ImageJ and finding

the optimum method for each surface. The histogram was then calculated on the image stack

to calculate the number of white pixels in each image which corresponded to the cleaned area.

This was converted to a percentage area cleaned and averaged over 5 repeats. Due to uneven

reflections on the surface of the smooth titanium surfaces it was not possible to segment the

image by applying a threshold to calculate the area removed at each time point, therefore man-

ual segmentation was used for this particular surface, on images taken before biofilm removal

and 2s after biofilm removal. Data analysis and graphing was done using Sigmaplot and statis-

tical significance was tested using the Kruskal-Wallis One Way Analysis of Variance on Ranks.

Fig 3. Example of a high speed image still, showing the image analysis steps performed to calculate the area cleaned (white). The image is taken from a video where

the standoff distance between the ultrasonic scaler tip and the biofilm was 2 mm. The ultrasonic scaler used was operated at 29 kHz, with a tip vibration amplitude of

57 μm at the free end. The biofilm in this image was grown on rough (sand blasted and acid etched) titanium discs, Ra = 2 μm: (a) raw high speed image still showing the

biofilm on the rough titanium surface, the black arrow shows the position of the scaler tip (b) image after the ultrasonic scaler tip was removed, (c) Image after gamma

filter applied, (d) segmented image using automatic thresholding, and (e) overlay of the segmented image in blue on the raw image demonstrating that the segmentation

is accurate.

https://doi.org/10.1371/journal.pone.0236428.g003
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Results

Total biofilm removal

The roughness (Ra) of the rough titanium surface was approximately 2 μm and the rough

Thermanox™ surface had a Ra of approximately 3 μm (Table 1). The rough Thermanox™ sur-

face was cleaned considerably less than the rough Ti at 1mm and 2mm (Fig 4, S1 Video). The

rough Ti surface had similar amounts of biofilm removal to Ti smooth and Thermanox™
smooth surfaces at all standoff distances (Fig 4).

For nearly all surfaces the most biofilm removal occurred when the scaler tip was held 0.5

mm away from the biofilm, with similar amounts of biofilm removal (30–35%), irrespective of

the surface roughness (Fig 4). There was one exception for the rough Ti surface, where slightly

more cleaning occurred at 1 mm compared to 0.5 mm. In general biofilm removal decreased

by 5–10% at 2 mm compared to 0.5 mm, but for the Thermanox™ coverslips, a higher surface

roughness resulted in less biofilm disruption, decreasing from approximately 30% at 0.5 mm

to approximately 10% at 1 mm and less than 5% at 2 mm.

Biofilm removal over time

The majority of the biofilm removal occurred within the first 0.5s (Figs 5 and 6). After 0.5s the

rate of cleaning reduced and almost stopped by the last image frame at 2s (Fig 6). At 0.5 mm,

the removal rate over time and the total area removed were similar for all of the surfaces ana-

lysed, as the values of area cleaned at each time point follow a similar pattern (Fig 6A). At 1

mm and 2 mm the fastest rate of removal was from rough Ti surfaces. The slowest removal

was from the sand blasted Thermanox™ surfaces.

Qualitative observations of biofilm removal

The biofilm was removed in a radial pattern perpendicular to the tip, and some channels of

cleaned biofilm extended away from the main area cleaned (Fig 7, S1 Video). This pattern of

biofilm removal was the same for all of the surfaces tested. The images show that as the stand-

off distance between the tip and the biofilm increased, the radial area cleaned was smaller. Bio-

film removal started in the vicinity closest to the tip and then continued radially outward from

the tip, but only in areas perpendicular to the tip and not below it.

SEM showed a thick layer of undisturbed biofilm on all of the surfaces where the cavitation

did not cause disruption (Fig 8). In areas of biofilm disruption, no bacteria were visible on the

smooth Ti surface after cavitation application at 0.5 mm, 1 mm and 2 mm. Some individual

bacteria were seen on the Thermanox™ smooth surface in the disrupted area, at all 3 test stand-

off distances. On the sandblasted Thermanox™ surfaces, biofilm removal was not complete at

any distance, but the most biofilm remained after cavitation at 2 mm, with thick multi-layer

biofilms still present. There were small clusters of biofilm remaining in many areas on the dis-

rupted surface at 0.5 mm and 1 mm, but these were thinner than the undisturbed biofilm

(approximately 2–3 bacterial layers, determined by SEM). On the Ti rough surface, no bacteria

or biofilm remnants were visible after removal at 0.5 mm or 1mm, but small biofilm clusters

did remain at 2 mm.

Table 1. Representative surface roughness (Ra) of the samples tested in this study, measured using surface profilometry.

Thermanox™ rough Thermanox™ smooth Titanium rough Titanium smooth

Ra (μm) 3.55±0.11 0.02±0.001 2.15±0.13 0.18±0.01

https://doi.org/10.1371/journal.pone.0236428.t001
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Discussion

This work shows that the cavitation produced in the water around the scaling tip produces

forces that are able to remove biofilm from a surface. This removal is dependent upon how

close the tip is in relation to the biofilm. The cavitation is most intense close to the tip and its

intensity rapidly decreases with distance from the tip. Cavitation clouds occur around ultra-

sonic scalers tips, where bubbles chaotically grow and collapse in groups. The high speed

images show chaotic oscillating bubbles on the surface cleaning the biofilm (S1 Video), there-

fore we speculate that the majority of biofilm disruption occurs through inertial cavitation.

Previous experiments have shown they reach approximately 0.5 mm away from the tip and are

approximately 2 mm wide [21]. Individual cavitating microbubbles have diameters of approxi-

mately 100 μm. Therefore in this study the cavitation clouds from the tip are likely to have

reached the surface at a standoff distance of 0.5 mm, whereas at 1 mm and 2 mm the cleaning

is likely to have only occurred from individual cavitating bubbles present on the biofilm sur-

face. As more biofilm was removed at 0.5 mm, this suggests that the combined effect of cavita-

tion clouds and individual bubbles on the surface is more effective. This would explain why at

Fig 4. Total biofilm removal for the surfaces tested, removed using cavitation from an ultrasonic scaler tip at various

standoff distances d, calculated using image analysis from high speed images. The area cleaned was calculated relative to the

initial amount of biofilm in each image (n = 5).

https://doi.org/10.1371/journal.pone.0236428.g004
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0.5 mm the rate of biofilm removal was similar, even on the rough surfaces, on which the bac-

teria are expected to have a larger attachment force [45].

Previous studies have found that increased surface roughness leads to more biofilm accu-

mulation [46]. Single species S. sanguinis biofilms have also been investigated and similar

results were found, with more biofilm attaching to rough orthodontic composite materials and

sand blasted and acid etched Ti surfaces compared to polished Ti surfaces [45, 47]. There are

more possible points of bacterial adhesion on rough surfaces [45], which is thought to result in

increased adhesion forces of bacteria to rough surfaces [45]. Previous studies found that the

surface roughness of blasted and etched surfaces for dental implants was approximately 2 μm,

similar to what was found in the current study [48]. The results in this study showed that the

amount of biofilm removal on the rough Ti surfaces with a surface roughness of 2 μm or

Fig 5. High speed video stills showing biofilm being removed from a rough Ti surface using ultrasonic cavitation at a standoff distance of 0.5 mm. Time between

frames is 0.1 s (total 2 s). The cleaned area is white and the dark area is where biofilm is still attached to the surface. See S1 Video for high speed videos of all surfaces at

all standoff distances.

https://doi.org/10.1371/journal.pone.0236428.g005
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smaller was similar to that on the smooth surfaces, at all distances. This suggests that a surface

roughness of 2 μm still enables effective removal with ultrasonic cavitation. However, a surface

roughness of 3.5 μm significantly reduced the biofilm removal when the standoff distance was

1 mm or 2 mm (p<0.05). SEM images taken after the disruption showed that biofilm was still

present behind larger sandblasted structures on the surfaces, which did not exist on the Ti

sand blasted and acid etched surface. These differences suggest that the shear forces generated

by the cavitation from an ultrasonic scaler operating at medium power are large enough to

Fig 6. Percentage biofilm area cleaned over time for three of the surfaces tested using cavitation at three different standoff distances, calculated using image

analysis. Green: Thermanox™ rough, Orange: Thermanox™ smooth, Purple: Titanium rough.

https://doi.org/10.1371/journal.pone.0236428.g006

Fig 7. High speed image stills before and after cavitation cleaning for 2 s for various biofilm surfaces and standoff distances of the ultrasonic scaler tip. The white

arrow shows the position of the scaler tip in the images. The white area is the cleaned surface and the grey/black area is the biofilm still attached to the surface. See S1

Video for high speed videos of all surfaces at all standoff distances.

https://doi.org/10.1371/journal.pone.0236428.g007
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cause biofilm disruption from surfaces with a Ra value of 2 μm, but if the roughness is greater

than this then the bacteria are sheltered from the shear forces by the larger surface structures.

A systematic review found that the optimal surface roughness for osseointegration was

1–2 μm, and this is a commonly used surface roughness for dental implants [48]. Therefore,

the results of this study suggest that clinically cavitation would be just as effective on implant

collars as well as on the rougher surfaces of the implant which are prepared for osseointegra-

tion if their roughness is up to 2 μm. However, on areas of larger surface roughness such as

scratches on the implant surface, or on implant surfaces with different treatments such as tita-

nium plasma sprayed or hydroxyapatite coated which have a roughness of 9–10 μm [48], more

intense cavitation would be required. This can be achieved by minimising the distance

between the scaler tip and the surface to allow cavitation clouds to make contact, as was

observed in the current study showing biofilm removal at 0.5 mm on the sandblasted Therma-

nox™ coverslips, but not at 2mm (Figs 4 and 8). Alternatively increasing the vibration ampli-

tude of the ultrasonic scaler tip is likely to increase the volume of cavitation occurring [21],

and further investigation is required to optimise this.

Interestingly the SEM images showed some individual bacteria remaining on the smooth

Thermanox™ coverslips after treatment at all distances (Fig 8), but not on the polished Ti

Fig 8. Scanning electron microscopy images of the different surfaces after removal with cavitation from the ultrasonic scaler tip at different standoff distances d.

The ultrasonic scaler was operated at 29 kHz, with a tip vibration amplitude of 57 μm at the free end. Biofilm remained on the Thermanox™ rough surfaces at all

distances, and individual bacteria remained on the Thermanox™ smooth surfaces at all standoff distances tested. Individual bacteria and thin biofilms remained on the

rough titanium surfaces. The sand blasted and acid etched surface can be seen in the SEM images, and machining lines are visible on the smooth machined titanium

surface.

https://doi.org/10.1371/journal.pone.0236428.g008
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surfaces, which have a higher surface roughness compared to the smooth Thermanox surfaces™
(Table 1).

The results in this study show that biofilm removal can occur with cavitation from an ultra-

sonic scaler tip operating for only 2s. During clinical use of an ultrasonic scaler, the tip is

moved around the mouth constantly to clean areas using the physical vibration of the scaler

tip. Previous studies applied cavitation from an ultrasonic scaler for 15-60s [37, 49]. In these

studies, biofilm was effectively removed, however such timescales are not practical for clinical

application of the method where rapid biofilm removal from a larger area is required. The cur-

rent results show that cavitation from an ultrasonic scaler may be a clinically viable method, if

optimised for use on surfaces of different roughness and at the correct distance.

One limitation of this study is that the biofilm had to be fixed before imaging as the high

speed camera could not be operated inside the microbiology laboratory due to laboratory

safety requirements. Although the biofilm was kept hydrated and only immersed in the fixative

for 10 minutes, it may have slightly different structural properties to a vital biofilm. Therefore

in further work the high speed camera could be operated in a category II microbiology lab,

with the biofilm inside a laminar flow hood during disruption to minimise aerosol. This exper-

imental setup would also enable correlative studies using fluorescence microscopy where live/

dead staining can be done to understand the effect of cavitation on biofilm viability. Also, in

this study a single species biofilm was used, which may have different attachment properties to

dental biofilm which is composed of many hundreds of species of bacteria. S. sanguinis was

used in the current study because it is a primary coloniser on oral surfaces [50], and the use of

a single species ensured reproducible biofilms. The effectiveness of sonication for physical dis-

ruption has been imaged on other biofilm species in other studies, for example Rivas et al.

imaged Enterococcus faecalis and Pseudomonas aeruginosa biofilms being removed with cavita-

tion generated by a custom made vibrating ultrasonic surface [51]. Biofilm removal occurred

in a similar manner, therefore we anticipate that cavitation from an ultrasonic scaler would

also behave similarly on other bacterial species. Further work is required to image biofilm dis-

ruption using multispecies biofilms, and to compare removal from biofilm grown in a shaking

incubator, a bioreactor or a flow cell to determine if the hydrodynamic stress affects its adher-

ence. Song et al. highlighted the need for research to understand how material properties affect

bacterial adhesion to surfaces [30]. In the current study we have developed a novel protocol of

imaging and image analysis to quantify biofilm removal over time from high speed images.

This novel method can be applied to future studies to investigate other methods of biofilm dis-

ruption, including biofilm rate of removal from different surfaces such as those with novel

anti-biofilm topographic patterns, and also in studies investigating methods of physical biofilm

disruption.

There may also be other factors regarding the biofilm properties which could affect their

removal ability via cavitation. Although biofilm thickness increases with its age, we speculate

that the surface roughness would have more effect on the effectiveness of sonication rather

than biofilm age or thickness, as the surface roughness affects the attachment force of the first

bacterial layer, but this requires further investigation. Dental biofilm also mineralises with age

to become dental calculus, which is difficult to remove. Further work is required to investigate

the effect of cavitation of dental calculus. A combination of cavitation with using the vibrating

tip of the ultrasonic scaler in contact may be required.

Damage to the implant surface was not observed in SEM images in the current study and

also in a previous study where the scaler tip was held for 60 s [37]. From this we speculate that

cavitation from an ultrasonic scaler does not damage tooth and biomaterial surfaces in the

mouth. In considering sonication for clinical use to remove oral biofilms, it is important to

consider the effects that cavitation could have on soft tissue in the mouth. The cavitation is
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likely to contact the gums surrounding a tooth or dental implant. In current clinical practice

the vibrating ultrasonic scaler tip contacts these soft tissues and can lead to some gingival

bleeding. It is possible that with sonication some relatively mild gum damage may occur which

would heal within a few days, similarly to what occurs after using an ultrasonic scaler in the

conventional manner. This is because an elastic or soft boundary weakens or redirects the cavi-

tation bubble jetting away from the soft surface, resulting in a smaller hydrodynamic load on

the soft surface [52, 53]. We therefore speculate that cavitation would cause less damage than

what is currently occurring clinically, since the metal tip would not be touching the surface.

Further studies are required to understand the damage caused and how it can be minimised,

such as by directing the cavitation towards the hard surface to be cleaned.

Conclusions

In conclusion, high speed imaging has shown biofilm removal via cavitation generated by an

ultrasonic scaler in real time on rough and smooth implant surfaces and at different standoff

distances up to 2mm. We observed significant biofilm removal after operating an ultrasonic

scaler tip for only 2s. Cavitation from an ultrasonic scaler is more effective when the tip is

closer to the surface, and is equally effective on smooth and rough (SLA-like) titanium sur-

faces, demonstrating its potential as a novel method of dental implant debridement.

Supporting information

S1 Video. High speed video of biofilm removal. High speed videos taken at 500 frames per

second showing biofilm removal from all of the surfaces tested using cavitation from an ultra-

sonic scaler, at different standoff distances. (a) rough (sandblasted) Thermanox™ surface (b)

smooth Thermanox™ surface (c) rough (sand blasted and acid etched) titanium surface (d)

smooth (machined) titanium surface.
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18. Gustumhaugen E, Lönn-Stensrud J, Scheie AA, Lyngstadaas SP, Ekfeldt A, Taxt-Lamolle S. Effect of

chemical and mechanical debridement techniques on bacterial re-growth on rough titanium surfaces:

an in vitro study. Clinical oral implants research. 2014; 25(6):707–13. https://doi.org/10.1111/clr.12130

PMID: 23489326

19. Arabaci T, cCi\ccek Y, Canakci CF. Sonic and ultrasonic scalers in periodontal treatment: a review.

International journal of dental hygiene. 2007; 5(1):2–12. https://doi.org/10.1111/j.1601-5037.2007.

00217.x PMID: 17250573

20. Felver B, King DC, Lea SC, Price GJ, Damien Walmsley A. Cavitation occurrence around ultrasonic

dental scalers. Ultrason Sonochem. 2009; 16:692–7. https://doi.org/10.1016/j.ultsonch.2008.11.002

PMID: 19119051

21. Vyas N, Pecheva E, Dehghani H, Sammons RL, Wang QX, Leppinen DM, et al. High Speed Imaging of

Cavitation around Dental Ultrasonic Scaler Tips. PLoS One. 2016; 11(3):e0149804. Epub 2016/03/05.

PLOS ONE The effect of standoff distance and surface roughness on biofilm disruption using cavitation

PLOS ONE | https://doi.org/10.1371/journal.pone.0236428 July 30, 2020 14 / 16

https://doi.org/10.1016/j.cden.2005.03.007
https://doi.org/10.1016/j.cden.2005.03.007
http://www.ncbi.nlm.nih.gov/pubmed/15978246
https://doi.org/10.1177/0022034518792567
http://www.ncbi.nlm.nih.gov/pubmed/30075090
https://doi.org/10.1902/jop.2012.120592
https://doi.org/10.1902/jop.2012.120592
http://www.ncbi.nlm.nih.gov/pubmed/23237585
https://doi.org/10.1111/clr.12322
https://doi.org/10.1111/clr.12322
http://www.ncbi.nlm.nih.gov/pubmed/24373056
https://doi.org/10.1111/clr.12773
http://www.ncbi.nlm.nih.gov/pubmed/26799360
https://doi.org/10.4103/1735-3327.104867
http://www.ncbi.nlm.nih.gov/pubmed/23559913
https://doi.org/10.1126/science.284.5418.1318
http://www.ncbi.nlm.nih.gov/pubmed/10334980
https://doi.org/10.4103/0972-124X.107466
http://www.ncbi.nlm.nih.gov/pubmed/23633764
https://doi.org/10.1111/apm.12099
https://doi.org/10.1111/apm.12099
http://www.ncbi.nlm.nih.gov/pubmed/23635385
https://doi.org/10.1902/jop.1990.61.8.485
https://doi.org/10.1902/jop.1990.61.8.485
http://www.ncbi.nlm.nih.gov/pubmed/2202807
https://doi.org/10.1563/AAID-JOI-D-13-00078
http://www.ncbi.nlm.nih.gov/pubmed/24552131
https://doi.org/10.1111/clr.12224
http://www.ncbi.nlm.nih.gov/pubmed/23834327
https://doi.org/10.1111/clr.12130
http://www.ncbi.nlm.nih.gov/pubmed/23489326
https://doi.org/10.1111/j.1601-5037.2007.00217.x
https://doi.org/10.1111/j.1601-5037.2007.00217.x
http://www.ncbi.nlm.nih.gov/pubmed/17250573
https://doi.org/10.1016/j.ultsonch.2008.11.002
http://www.ncbi.nlm.nih.gov/pubmed/19119051
https://doi.org/10.1371/journal.pone.0236428


https://doi.org/10.1371/journal.pone.0149804 PMID: 26934340; PubMed Central PMCID:

PMC4775067.

22. Brennen CE. Cavitation and Bubble Dynamics: Cambridge University Press; 2013 2013-10-14. 269 p.

23. Walmsley AD, Lea SC, Felver B, King DC, Price GJ. Mapping cavitation activity around dental ultrasonic

tips. Clinical Oral Investigations. 2013; 17(4):1227–34. https://doi.org/10.1007/s00784-012-0802-5

PMID: 22893034

24. Walmsley AD, Felver B, Lea SC, Lumley PJ, King DC, Price GJ, editors. Identifying cavitation around

dental ultrasonic instruments. 39th International Congress on Noise Control Engineering; 2010 2010:

INTER-NOISE.

25. Ohl C-D, Arora M, Dijkink R, Janve V, Lohse D. Surface cleaning from laser-induced cavitation bubbles.

App Phys Lett. 2006; 89(7):074102.

26. Vyas N, Manmi K, Wang Q, Jadhav AJ, Barigou M, Sammons RL, et al. Which Parameters Affect Bio-

film Removal with Acoustic Cavitation? A Review. Ultrasound in medicine & biology. 2019; 45(5):1044–

55.

27. Azhdast MH, Haleh H, Pouladzadeh P, Azhdast A, Soltanabadi M, editors. Theoretical and experimen-

tal analysis of beating and cavitation phenomenon on erosion in ultrasonic cleaning process. Advanced

intelligent mechatronics, 2009 aim 2009 ieee/asme international conference on; 2009: IEEE.

28. Gale GW, Busnaina AA. Roles of cavitation and acoustic streaming in megasonic cleaning. Particulate

science and technology. 1999; 17(3):229–38.

29. Maisonhaute E, Prado C, White PC, Compton RG. Surface acoustic cavitation understood via nanosec-

ond electrochemistry. Part III: Shear stress in ultrasonic cleaning. Ultrason Sonochem. 2002; 9(6):297–

303. https://doi.org/10.1016/s1350-4177(02)00089-5 PMID: 12404794

30. Song F, Koo H, Ren D. Effects of material properties on bacterial adhesion and biofilm formation. J

Dent Res. 2015; 94(8):1027–34. https://doi.org/10.1177/0022034515587690 PMID: 26001706

31. Anselme K, Davidson P, Popa A, Giazzon M, Liley M, Ploux L. The interaction of cells and bacteria with

surfaces structured at the nanometre scale. Acta biomaterialia. 2010; 6(10):3824–46. https://doi.org/10.

1016/j.actbio.2010.04.001 PMID: 20371386

32. Teughels W, Van Assche N, Sliepen I, Quirynen M. Effect of material characteristics and/or surface

topography on biofilm development. Clinical oral implants research. 2006; 17(S2):68–81.

33. Fabbri S, Johnston D, Rmaile A, Gottenbos B, De Jager M, Aspiras M, et al. Streptococcus mutans bio-

film transient viscoelastic fluid behaviour during high-velocity microsprays. Journal of the mechanical

behavior of biomedical materials. 2016; 59:197–206. https://doi.org/10.1016/j.jmbbm.2015.12.012

PMID: 26771168

34. Howlin R, Fabbri S, Offin D, Symonds N, Kiang K, Knee R, et al. Removal of dental biofilms with an

ultrasonically activated water stream. J Dent Res. 2015; 94(9):1303–9. https://doi.org/10.1177/

0022034515589284 PMID: 26056055

35. Goh BHT, Conneely M, Kneuper H, Palmer T, Klaseboer E, Khoo BC, et al. High-Speed Imaging of

Ultrasound-Mediated Bacterial Biofilm Disruption. In: Lacković I, Vasic D, editors. 6th European Confer-

ence of the International Federation for Medical and Biological Engineering. IFMBE Proceedings:

Springer International Publishing; 2015. p. 533–6.

36. Barkarmo S, Longhorn D, Leer K, Johansson CB, Stenport V, Franco-Tabares S, et al. Biofilm formation

on polyetheretherketone and titanium surfaces. Clinical and Experimental Dental Research. 2019.

37. Vyas N, Sammons RL, Addison O, Dehghani H, Walmsley AD. A quantitative method to measure bio-

film removal efficiency from complex biomaterial surfaces using SEM and image analysis. Sci Rep.

2016; 6:32694. https://doi.org/10.1038/srep32694 PMID: 27601281

38. Wang C, Lucas R, Smith AJ, Cooper PR. An in vitro screening assay for dental stain cleaning. BMC

Oral Health. 2017; 17(1):37. https://doi.org/10.1186/s12903-016-0328-3 PMID: 28068974

39. Pratten J, Smith A, Wilson M. Response of single species biofilms and microcosm dental plaques to

pulsing with chlorhexidine. Journal of Antimicrobial Chemotherapy. 1998; 42(4):453–9. https://doi.org/

10.1093/jac/42.4.453 PMID: 9818743

40. Lodovici M, Raimondi L, Guglielmi F, Gemignani S, Dolara P. Protection against ultraviolet B-induced

oxidative DNA damage in rabbit corneal-derived cells (SIRC) by 4-coumaric acid. Toxicology. 2003;

184(2):141–7.

41. Zaura-Arite E, Marle Jv, Cate JMt. Confocal Microscopy Study of Undisturbed and Chlorhexidine-

treated Dental Biofilm. J Dent Res. 2001; 80:1436–40. https://doi.org/10.1177/

00220345010800051001 PMID: 11437215

42. Bevilacqua L, Milan A, Del Lupo V, Maglione M, Dolzani L. Biofilms developed on dental implant tita-

nium surfaces with different roughness: comparison between in vitro and in vivo studies. Curr Microbiol.

2018; 75(6):766–72. https://doi.org/10.1007/s00284-018-1446-8 PMID: 29487988

PLOS ONE The effect of standoff distance and surface roughness on biofilm disruption using cavitation

PLOS ONE | https://doi.org/10.1371/journal.pone.0236428 July 30, 2020 15 / 16

https://doi.org/10.1371/journal.pone.0149804
http://www.ncbi.nlm.nih.gov/pubmed/26934340
https://doi.org/10.1007/s00784-012-0802-5
http://www.ncbi.nlm.nih.gov/pubmed/22893034
https://doi.org/10.1016/s1350-4177%2802%2900089-5
http://www.ncbi.nlm.nih.gov/pubmed/12404794
https://doi.org/10.1177/0022034515587690
http://www.ncbi.nlm.nih.gov/pubmed/26001706
https://doi.org/10.1016/j.actbio.2010.04.001
https://doi.org/10.1016/j.actbio.2010.04.001
http://www.ncbi.nlm.nih.gov/pubmed/20371386
https://doi.org/10.1016/j.jmbbm.2015.12.012
http://www.ncbi.nlm.nih.gov/pubmed/26771168
https://doi.org/10.1177/0022034515589284
https://doi.org/10.1177/0022034515589284
http://www.ncbi.nlm.nih.gov/pubmed/26056055
https://doi.org/10.1038/srep32694
http://www.ncbi.nlm.nih.gov/pubmed/27601281
https://doi.org/10.1186/s12903-016-0328-3
http://www.ncbi.nlm.nih.gov/pubmed/28068974
https://doi.org/10.1093/jac/42.4.453
https://doi.org/10.1093/jac/42.4.453
http://www.ncbi.nlm.nih.gov/pubmed/9818743
https://doi.org/10.1177/00220345010800051001
https://doi.org/10.1177/00220345010800051001
http://www.ncbi.nlm.nih.gov/pubmed/11437215
https://doi.org/10.1007/s00284-018-1446-8
http://www.ncbi.nlm.nih.gov/pubmed/29487988
https://doi.org/10.1371/journal.pone.0236428


43. Sammons RL, Lumbikanonda N, Gross M, Cantzler P. Comparison of osteoblast spreading on micro-

structured dental implant surfaces and cell behaviour in an explant model of osseointegration: a scan-

ning electron microscopic study. Clinical oral implants research. 2005; 16(6):657–66. https://doi.org/10.

1111/j.1600-0501.2005.01168.x PMID: 16307572

44. Schindelin J, Arganda-Carreras I, Frise E, Kaynig V, Longair M, Pietzsch T, et al. Fiji: an open-source

platform for biological-image analysis. Nat Meth. 2012; 9(7):676–82. https://doi.org/10.1038/nmeth.

2019 PMID: 22743772

45. Mei L, Busscher HJ, van der Mei HC, Ren Y. Influence of surface roughness on streptococcal adhesion

forces to composite resins. Dental Materials. 2011; 27(8):770–8. https://doi.org/10.1016/j.dental.2011.

03.017 PMID: 21524789

46. Gharechahi M, Moosavi H, Forghani M. Effect of surface roughness and materials composition on bio-

film formation. Journal of Biomaterials and Nanobiotechnology. 2012; 3(4A):541–6.

47. Bürgers R, Gerlach T, Hahnel S, Schwarz F, Handel G, Gosau M. In vivo and in vitro biofilm formation

on two different titanium implant surfaces. Clinical Oral Implants Research. 2010; 21(2):156–64. https://

doi.org/10.1111/j.1600-0501.2009.01815.x PMID: 19912269

48. Wennerberg A, Albrektsson T. Effects of titanium surface topography on bone integration: a systematic

review. Clinical oral implants research. 2009; 20:172–84. https://doi.org/10.1111/j.1600-0501.2009.

01775.x PMID: 19663964

49. Gartenmann SJ, Thurnheer T, Attin T, Schmidlin PR. Influence of ultrasonic tip distance and orientation

on biofilm removal. Clinical oral investigations. 2017; 21(4):1029–36. https://doi.org/10.1007/s00784-

016-1854-8 PMID: 27193939

50. Drake DR, Paul J, Keller JC. Primary bacterial colonization of implant surfaces. Int J Oral Maxillofac

Implants. 1999; 14(2):226–32. PMID: 10212539

51. Rivas DF, Verhaagen B, Seddon JRT, Zijlstra AG, Jiang L-M, van der Sluis LWM, et al. Localized

removal of layers of metal, polymer, or biomaterial by ultrasound cavitation bubbles. Biomicrofluidics.

2012; 6(3):034114.

52. Brujan E-A, Nahen K, Schmidt P, Vogel A. Dynamics of laser-induced cavitation bubbles near elastic

boundaries: influence of the elastic modulus. J Fl Mech. 2001; 433:283–314.

53. Frenz M, Paltauf G, Schmidt-Kloiber H. Laser-generated cavitation in absorbing liquid induced by

acoustic diffraction. Phys Rev Lett. 1996; 76(19):3546. https://doi.org/10.1103/PhysRevLett.76.3546

PMID: 10060995

PLOS ONE The effect of standoff distance and surface roughness on biofilm disruption using cavitation

PLOS ONE | https://doi.org/10.1371/journal.pone.0236428 July 30, 2020 16 / 16

https://doi.org/10.1111/j.1600-0501.2005.01168.x
https://doi.org/10.1111/j.1600-0501.2005.01168.x
http://www.ncbi.nlm.nih.gov/pubmed/16307572
https://doi.org/10.1038/nmeth.2019
https://doi.org/10.1038/nmeth.2019
http://www.ncbi.nlm.nih.gov/pubmed/22743772
https://doi.org/10.1016/j.dental.2011.03.017
https://doi.org/10.1016/j.dental.2011.03.017
http://www.ncbi.nlm.nih.gov/pubmed/21524789
https://doi.org/10.1111/j.1600-0501.2009.01815.x
https://doi.org/10.1111/j.1600-0501.2009.01815.x
http://www.ncbi.nlm.nih.gov/pubmed/19912269
https://doi.org/10.1111/j.1600-0501.2009.01775.x
https://doi.org/10.1111/j.1600-0501.2009.01775.x
http://www.ncbi.nlm.nih.gov/pubmed/19663964
https://doi.org/10.1007/s00784-016-1854-8
https://doi.org/10.1007/s00784-016-1854-8
http://www.ncbi.nlm.nih.gov/pubmed/27193939
http://www.ncbi.nlm.nih.gov/pubmed/10212539
https://doi.org/10.1103/PhysRevLett.76.3546
http://www.ncbi.nlm.nih.gov/pubmed/10060995
https://doi.org/10.1371/journal.pone.0236428

